


STUDIES ON LOW DENSITY POLYETHYLENE (LPDE) DEGRADING    MICROORGANISMS ISOLATED FROM DUMPSITE SOIL


ABSTRACT
Low-density polyethylene (LDPE) is a commonly used thermoplastic material produced from ethylene. Its indiscriminate disposal has led to significant environmental accumulation, posing serious ecological threats. Certain microorganisms, however, can utilize LDPE as a source of carbon and energy. This study investigates the potential for microbial degradation of plastic wastes by isolating and characterizing microorganisms from dumpsite soils containing LDPE. Preliminary findings suggest the presence of microbial species capable of initiating LDPE breakdown, highlighting a possible biotechnological approach to plastic waste management.

Aim: This study aimed to determine the biodegradation potential of bacterial and fungal isolates associated with low-density polyethylene (LDPE).
Study Design: Laboratory-based experimental research conducted at Ajayi Crowther University, Nigeria, from January to December 2019.
Methodology: Soil samples were collected from an LDPE-polluted dumpsite, and microorganisms were isolated using serial dilution and agar media. LDPE-degrading potential was screened using pre-treated LDPE strips in single and mixed cultures. Microbial growth, weight loss, and structural changes in LDPE were monitored, with FTIR used to confirm polymer modification. Isolates were identified through biochemical and molecular techniques.
Results: Thirteen microorganisms were isolated, including Bacillus spp. (5), Aspergillus spp. (5), Penicillium spp. (2), and Fusarium spp. (1). Aspergillus niger and Pseudomonas aeruginosa, both individually and in consortium, exhibited the highest LDPE degradation, with 5% weight loss and significant structural modification confirmed by FTIR.
Conclusion: Mixed cultures of Aspergillus niger and Pseudomonas aeruginosa effectively degrade LDPE and hold promise for biotechnological applications in managing polyethylene waste.
Keywords: LDPE, Biodegradation analysis, FTIR, Aspergillus niger, Pseudomonas spp.

1.0 Introduction
Low-density polyethylene (LDPE) is a widely used plastic that poses significant environmental concerns due to its non-biodegradable nature. Microorganisms play a crucial role in degrading LDPE, and dumpsites serve as a rich source of these organisms (Nademo et al., 2023).
The extensive use of plastics in packaging, agriculture, and household materials has led to the continuous accumulation of plastic wastes in the environment. Among these plastics, LDPE is one of the most commonly used due to its flexibility, lightweight nature, and resistance to moisture. Unfortunately, these properties also make LDPE highly resistant to degradation, allowing it to persist for long periods in landfills and dumpsites (Khampratueng et al., 2024). Its accumulation poses significant ecological and health challenges, including soil contamination and microplastic formation.
Traditional management approaches, such as landfilling and incineration, are increasingly viewed as unsustainable because they generate harmful emissions, occupy valuable land space, and do not eliminate the material from the ecosystem. These limitations have driven global attention toward biodegradation—an environmentally friendly strategy that uses microorganisms to break down plastic polymers into simpler, non-toxic compounds (Soni et al., 2025).
Soils from municipal dumpsites are particularly rich in microbial communities that have adapted to plastic-polluted environments. Such microorganisms colonize LDPE surfaces and secrete enzymes that initiate polymer breakdown (Putcha et al., 2024). Over time, their activities lead to molecular weight reduction, surface erosion, and eventual mineralization of the polymer. Several studies have reported that bacterial and fungal isolates from contaminated soils possess the enzymatic machinery necessary to oxidize and cleave polyethylene chains (Yang et al., 2024; Gates et al., 2024).
Therefore, isolating and characterizing LDPE-degrading microorganisms from dumpsite soils provides insight into natural degradation mechanisms and supports the development of sustainable biotechnological solutions for managing plastic waste. This study investigates microorganisms capable of degrading LDPE under laboratory conditions, evaluates their degradative efficiency, and discusses the biochemical pathways involved.
1.1 Types of LDPE-Degrading Microorganisms
Microbial degradation of LDPE involves a wide range of organisms, each contributing uniquely to the overall process.
Bacteria such as Bacillus, Pseudomonas, Acinetobacter, and Rhodococcus species are among the most frequently reported degraders. These bacteria colonize LDPE surfaces, forming biofilms and producing oxidative and hydrolytic enzymes that introduce oxygen-containing groups into the polymer structure (Khampratueng et al., 2024).
Fungal isolates including Aspergillus niger, Trametes versicolor, and Alternaria alternata are also known to degrade LDPE effectively. Their extracellular oxidative enzymes, particularly laccases, lignin peroxidases, and manganese peroxidases promote polymer oxidation and fragmentation (Yang et al., 2024).
Actinomycetes, notably Streptomyces and Rhodococcus, employ alkane monooxygenases and related enzymes to convert long hydrocarbon chains into fatty acids that can be metabolized through β-oxidation.
In many cases, microbial consortia composed of both bacteria and fungi exhibit higher degradation efficiency than individual strains (Dey et al., 2020).
1.2 Mechanisms of LDPE Degradation
LDPE biodegradation occurs in several interconnected stages:
a. Abiotic Weathering
Initial photo-oxidation, heat, and mechanical stress introduce carbonyl and hydroxyl groups into the LDPE structure, increasing surface roughness and hydrophilicity, which favor microbial colonization (Gates et al., 2024).
b. Microbial Colonization and Biofilm Formation
Microbes attach to LDPE and form biofilms that retain extracellular enzymes near the polymer surface. Biosurfactants secreted by bacteria enhance hydrophobic surface wetting and enzyme penetration (Soni et al., 2025).
c. Enzymatic Oxidation and Depolymerization
Microorganisms secrete oxidative and hydrolytic enzymes such as:
· Laccases and peroxidases – introduce oxygen atoms and break C–C bonds.
· Alkane hydroxylases and monooxygenases – convert terminal methyl groups to alcohols, aldehydes, and fatty acids.
· Esterases and lipases – act on oxidized intermediates to further reduce chain length.
These reactions reduce molecular weight and produce low-molecular-weight oligomers, alcohols, and carboxylic acids (Putcha et al., 2024).
d. Assimilation and Mineralization
The resulting compounds are transported into microbial cells and metabolized via β-oxidation to produce acetyl-CoA, which enters the tricarboxylic acid (TCA) cycle, leading to complete mineralization into CO₂ and water.


2. MATERIALS AND METHODS

2.1 Description of Study Site 
This research was conducted in Oyo town, located in the southwestern region of Nigeria. The town is situated on latitude 8o00 North of the equator and longitude 4o00 East, having an average daily temperature which ranges between 25o C (77.0o F) and 35oC (95.0o F), covering an area of 28,454 square kilometers and landscape consist of old hard rocks and dome-shaped hills which rise gently from about 500meters in the Southern part and reaching a height of about 1,219 meter above sea level in the Northern part.
2.2 Soil Sample Collection
Soil samples were collected from an LDPE-polluted dumpsite at Akunlemu, along Ogbomoso Road, Oyo. Samples were aseptically collected from three randomly selected points at a depth of 3–5 cm using a sterile spatula and placed into sterile sampling bottles. The samples were transported immediately to the Microbiology Laboratory for analysis.

2.3 LDPE Sample Collection
Sterile LDPE samples were obtained aseptically from a Pure Water Factory at Ajayi Crowther University. The samples were transported directly to the Microbiology Laboratory for further processing.



2.4 Preparation of LDPE Powder
LDPE films were cut into small pieces, immersed in xylene, and heated until fully dissolved. The solution was allowed to cool to a hand-warm temperature and then crushed into fine particles. The mixture was left for xylene evaporation and subsequently washed with ethanol to remove residual solvent. The LDPE powder was dried at room temperature for 24 h (Deepika & Madhuri, 2015).

2.5 Isolation of Microorganisms
Collected soil samples were homogenized and passed through a 2-mm sieve to remove debris. One gram of soil was mixed with 9 ml of sterile distilled water, after which the mixture was subjected to serial dilution.Aliquots from each dilution were plated in duplicate on Potato Dextrose Agar (PDA) for fungi and Nutrient Agar (NA) for bacteria. Plates were incubated at 25°C for 72 h (fungi) and 37°C for 24 h (bacteria). Distinct colonies were repeatedly sub-cultured to obtain pure cultures, which were maintained on agar slants at 4°C (Deepika & Madhuri, 2015).

2.6 Identification of Isolated Microorganisms
Pure isolates grown on NA and PDA were identified based on their cultural, morphological, and biochemical characteristics following the procedures outlined in Bergey’s Manual of Determinative Bacteriology.

2.7 Colonial and Morphological Characterization
Colony morphology was examined to determine macroscopic characteristics such as pigmentation, elevation, and texture.

Morphological and biochemical tests performed include:
· Gram staining
· Catalase test
· Starch hydrolysis
· Casein hydrolysis
· Endospore staining

2.8 Screening of Polythene-Degrading Fungi and Bacteria
An enrichment technique described by Priyanka et al. (2012) was used to select efficient LDPE-degrading isolates.
Peptone broth (100 ml) containing (g/L): NaCl 1.0, K₂HPO₄ 1.0, MgSO₄·7H₂O 0.5, Fe₂(SO₄)₃ 0.01, CaCl₂ 0.002, pH 6.0, was supplemented with 0.5 g LDPE strips (3 × 3 cm) as the sole carbon and energy source. One millilitre of each isolate was inoculated into the broth and incubated on a shaker at 120 rpm for 15 days.
After three enrichment cycles, samples were serially diluted and plated on PDA and NA.
Fungal isolates were stained with lactophenol cotton blue, and bacteria were identified by biochemical tests.

2.9 Preparation of Mineral Salt Medium (Basal Medium) and Incubation
The mineral salt medium contained (g/L):
K₂HPO₄ 1.0; KH₂PO₄ 0.2; NaCl 1.0; CaCl₂ 0.002; H₃BO₃ 0.005; (NH₄)₂SO₄ 1.0; MgSO₄ 0.5; CuSO₄ 0.001; ZnSO₄ 0.001; MnSO₄ 0.001; Fe₂(SO₄)₃ 0.01 in 1000 ml distilled water.

LDPE strips (3 × 3 cm), previously sterilized with 70% ethanol and air-dried for 15 min, were added (2 g per flask). One percent inoculum was then introduced.

To inhibit contaminants:
· Ampicillin (250 mg) was added to fungal cultures.
· Nystatin was added to bacterial cultures.

Setups included single isolates and mixed consortium cultures. Uninoculated LDPE medium served as the control.
All flasks were incubated in a shaker at 150 rpm for 16 weeks (Bhardwaj et al., 2012).

2.10 Residual Weight Loss Measurement:
The polyethylene films were recovered from the degradation medium and washed using 70% ethanol and rinse by distilled water (Gajendiranet al., 2016). 

The washed polyethylene films were dried for 12 h at 60Oc and the weight of the LPDE films was calculated (Kyawet al., 2012). The flask containing the plastics samples after exposure to bacteria and fungi was taken and washed thoroughly with ethanol and dried. 

The percentage weight loss was determined using the following formula:




2.11   Molecular characterization and Identification of Isolates
 FUNGI SEQUENCE
100mg of fungal mycelia was taken into sterile mortal, one ml of DNA Extraction Buffer (DEB) was added containing proteinase K (0.05mg/ml) and macerate with sterile pestle. The extract was transfer into 1.5ml Eppendorf tube.
· 50µl of 20% Sodium Dodecyl Sulphate (SDS) was added and incubate in a waterbath at 65oC for 30minutes.
· The reaction tube was left to cool naturally until it reached room temperature.
· 100µl of 7.5M Potassium Acetate was added and mix briefly.
· It was centrifuge at 13000rpm for 10minutes.
· The supernatant was transfer  into new fresh autoclaved tubes
·  2/3 volumes of cold Isopropanol / Isopropyl alcohol was added to the supernatant, the tubes was inverted at 3-5 times gently and the tubes was incubated at -20oC for 1 hour
· It was centrifuged at 13000rpm for 10minutes and the supernatant was discarded
· 500µl of  70% ethanol was added and centrifuge for 5minutes at 13000rpm
· The supernatant was discarding carefully with the DNA pellet intact.
· Traces of ethanol were removed and the DNA pellets was dried at 37oC for 10-15 minutes.
· DNA pellets were resuspended in 50µl of Tris-EDTA (TE) buffer.
· Aliquot DNA and store at -20oC for further lab analysis.

PCR Analysis
For fungal characterization, amplification of the ITS region was performed using universal ITS primers targeting the ITS1, 5.8S, and ITS2 regions. The PCR mixture was prepared using 10 µl of 5× GoTaq colourless reaction buffer, 3 µl of MgCl₂, 1 µl of a 10 mM dNTP mixture, and 1 µl each of the ITS1 (5′-TCC GTA GGT GAA CCT GCG G-3′) and ITS4 (5′-TCC TCC GCT TAT TGA TAT GC-3′) primers at a concentration of 10 pmol. In addition, 0.3 units of Taq DNA polymerase (Promega, USA) and 8 µl of DNA template were included, and the final volume was adjusted to 42 µl with sterile distilled water. Amplification was carried out using a GeneAmp 9700 Thermal Cycler (Applied Biosystems Inc., USA).
The PCR protocol began with an initial denaturation step at 94°C for 5 minutes, followed by 35 cycles consisting of denaturation at 94°C for 30 seconds, primer annealing at 55°C for 30 seconds, and extension at 72°C for 1.5 minutes. A final extension was carried out at 72°C for an additional 7 minutes.



Gel Integrity Check
The integrity of the approximately 1.5 kb PCR amplicon was evaluated using 1% agarose gel electrophoresis. A 1× TAE buffer was prepared and used both for dissolving the agarose and for running the gel. The agarose suspension was microwaved for 5 minutes until completely melted, allowed to cool to about 60°C, and stained with 3 µl of 0.5 g/ml ethidium bromide. The molten agarose was poured into a casting tray fitted with a comb and left for about 20 minutes to solidify and form wells. The set gel was then placed in an electrophoresis tank and submerged with 1× TAE buffer.
For sample loading, 2 µl of 10× blue loading dye was mixed with 4 µl of each PCR product. After loading a 100 bp molecular weight ladder in the first lane, the samples were pipetted into the remaining wells. Electrophoresis was performed at 120 V for 45 minutes, after which the gel was visualized under UV trans-illumination and photographed. Band sizes were estimated by comparing their migration distances to the 100 bp DNA ladder included in the run.

Purification of Amplified Products
Following gel verification, PCR amplicons were purified by ethanol precipitation to remove residual reagents. For each ~40 µl PCR reaction, 7.6 µl of 3 M sodium acetate and 240 µl of 95% ethanol were added in fresh 1.5 ml microcentrifuge tubes. The mixtures were vortexed thoroughly and incubated at −20°C for at least 30 minutes. Samples were then centrifuged at 13,000 × g for 10 minutes at 4°C, and the supernatant was carefully discarded by inversion.
To wash the pellet, 150 µl of 70% ethanol was added, followed by brief mixing and centrifugation at 7,500 × g for 15 minutes at 4°C. The ethanol was removed, and tubes were inverted on tissue paper and allowed to air-dry in a fume hood for 10–15 minutes. The DNA pellets were then resuspended in 20 µl of sterile distilled water and stored at −20°C until sequencing.
A final check of the purified product was performed using a 1.5% agarose gel run at 110 V for approximately 1 hour. The concentration and purity of the DNA were further assessed using a Nanodrop 2000 spectrophotometer (Thermo Scientific).

Sequencing
The purified PCR products were sequenced using the Applied Biosystems 3130xl Genetic Analyzer, following the manufacturer’s guidelines. Sequencing reactions were prepared with the BigDye Terminator v3.1 Cycle Sequencing Kit. All sequence editing and downstream analyses were carried out using BioEdit software.




Bacterial Sequence Analysis
DNA Extraction
Genomic DNA was isolated following a modified version of a standard protocol. Briefly, single colonies were inoculated into 1.5 ml of liquid medium and incubated on a shaker at 28°C for 48 hours. The cultures were centrifuged at 4,600 × g for 5 minutes, and the resulting pellets were resuspended in 520 µl of TE buffer (10 mM Tris-HCl, 1 mM EDTA, pH 8.0). To this suspension, 15 µl of 20% SDS and 3 µl of Proteinase K (20 mg/ml) were added, and the mixture was incubated at 37°C for 1 hour.
After incubation, 100 µl of 5 M NaCl and 80 µl of 10% CTAB in 0.7 M NaCl were added, followed by thorough mixing. The tubes were heated at 65°C for 10 minutes and then placed on ice for 15 minutes. An equal volume of chloroform:isoamyl alcohol (24:1) was added, mixed gently, incubated for 5 minutes on ice, and centrifuged at 7,200 × g for 20 minutes.
The aqueous phase was transferred to a fresh tube, and DNA was precipitated by adding isopropanol at a 1:0.6 ratio and incubating at –20°C for 16 hours. The DNA pellet was obtained by centrifugation at 13,000 × g for 10 minutes, washed with 500 µl of 70% ethanol, and air-dried for approximately 3 hours. Finally, the DNA was dissolved in 50 µl of TE buffer.

Polymerase Chain Reaction (PCR)
PCR amplification was performed using a reaction mixture containing 10 µl of 5× GoTaq colourless buffer, 3 µl of 25 mM MgCl₂, 1 µl of 10 mM dNTP mix, and 1 µl each of primers 27F (5′-AGA GTT TGA TCM TGG CTC AG-3′) and 1525R (5′-AAG GAG GTG ATC CAG CC-3′) at 10 pmol. The mixture also included 0.3 units of Taq DNA polymerase (Promega, USA) and 8 µl of DNA template, with the final volume adjusted to 42 µl using sterile distilled water. Amplifications were carried out in a GeneAmp 9700 Thermal Cycler (Applied Biosystems, USA).
The cycling conditions consisted of an initial denaturation at 94°C for 5 minutes, followed by 30 cycles of denaturation at 94°C for 30 seconds, primer annealing at 50°C for 1 minute, and extension at 72°C for 90 seconds. A final extension step at 72°C for 10 minutes completed the reaction, after which the samples were held at 4°C.

Gel Integrity Check
The quality and approximate size (~1.5 kb) of the PCR products were assessed by running them on a 1% agarose gel. A 1× TAE buffer was prepared and used for both gel preparation and electrophoresis. The agarose solution was heated in a microwave for 5 minutes until fully dissolved, cooled to approximately 60°C, and stained with 3 µl of 0.5 µg/ml ethidium bromide. The molten gel was poured into a casting tray fitted with a comb and allowed to solidify for about 20 minutes.
Once set, the gel was placed in the electrophoresis tank and covered with 1× TAE buffer. For sample loading, 2 µl of 10× blue loading dye was mixed with 4 µl of each PCR product, and a 100 bp DNA ladder was loaded into the first lane. Electrophoresis was performed at 120 V for 45 minutes. Bands were visualized under UV transillumination, photographed, and their sizes estimated by comparing their migration distance to that of the 100 bp molecular weight marker run alongside the samples.

Purification of Amplified Products
Following confirmation of amplification on the agarose gel, the PCR products were purified using an ethanol precipitation method to remove residual reaction components. For each ~40 µl PCR sample, 7.6 µl of 3 M sodium acetate and 240 µl of 95% ethanol were added in a sterile 1.5 ml microcentrifuge tube. The mixture was vortexed thoroughly and incubated at −20°C for at least 30 minutes to facilitate DNA precipitation.
Samples were centrifuged at 13,000 × g for 10 minutes at 4°C, after which the supernatant was discarded by gently inverting the tubes. The resulting pellet was washed with 150 µl of 70% ethanol, mixed briefly, and centrifuged again at 7,500 × g for 15 minutes at 4°C. The wash ethanol was removed completely, and the tubes were left inverted on absorbent tissue to air-dry in a fume hood for 10–15 minutes. The DNA pellets were then resuspended in 20 µl of sterile distilled water and stored at −20°C until sequencing.
To verify successful purification, the DNA fragments were run on a 1.5% agarose gel at 110 V for approximately 1 hour and visualized as previously described. Quantification of the purified DNA was performed using a NanoDrop 2000 spectrophotometer (Thermo Scientific).

Sequencing
Purified amplicons were sequenced using the Applied Biosystems 3130xl Genetic Analyzer, following the manufacturer’s protocols. Sequencing reactions were carried out with the BigDye Terminator v3.1 Cycle Sequencing Kit. Sequence editing, alignment, and all downstream genetic analyses were completed using BioEdit and MEGA version 6.


3.0 RESULTS
3.1 Isolation, Cultivation and Characterization of Isolates

Isolation and Cultivation
Five bacteria isolates were obtained from the soil samples from plastics dumpsite from the soil samples from plastic dumpsites from different location. Nine fungal isolates inclusive were also obtained. From the soil sample one bacterial and three fungal isolated were obtained. The bacteria isolates were identified as Psuedomonas aeruginosa. The fungal isolates were identified as Penicillium chrysogenum, Aspergillus niger and Fusarium oxysporum. They are all represented in the result below. The results of the total viable bacterial counts from soil samples obtained from Plastic dumpsite at Akunlemu, Oyo town, Oyo State. A total of three (3) samples of soil were obtained in three different locations at the dumpsite. The total bacterial counts observed in the soil samples ranged from 2 x 10-5 to 5 x 10-5 CFU/mL with sample AAK having the highest bacterial count while sample BAK had the least as shown in Table 1. 

Table 1: Macroscopic Colonial Morphology of Bacteria Isolated from Plastics Dumpsite 
	



	Samples
	
	Total Bacterial Count (Cfu/ml)

	AAK
	2 x 10-5

	BAK
	2.4 x 10-5

	CAK
	5 x 10-5


AAK- Sample A from Akunlemu
BAK- Sample B from Akunlemu

The table 2 and 3 shows morphological characteristics of the fungal and bacterial isolates obtained from the biochemical test that was carried out on the obtained isolates. Then biochemical test was carried out on the pure bacterial isolates. According to Bergey’s manual of determinative bacteriology, the following biochemical test that was carried out includes, Gram Staining, Catalase test, Starch hydrolysis, and Casein, endospore staining. The bacterial isolates identified were Bacillus sp. and Psuedomonas aeruginosa. All the Bacillus sp. were Gram positive rod and catalase positive, and they tested positive for endospore, casein and starch hydrolysis. Psuedomonas aeruginosa was identified as Gram negative rod and catalase positive, tested positive for endospore, casein and starch hydrolysis.





Table 2:  Morphological and Biochemical Characteristics of Bacterial Isolates
	Isolate code
	Bacillus sp.
	Bacillus sp.
	Pseudomonas
aeruginosa
	Bacillus sp.
	Bacillus sp.

	Morphology
	Rod
	Rod
	Rod
	Rod
	 Rod

	Catalase
	+
	+
	+
	+
	+

	Gram Stain
	+
	+
	-
	+
	+

	Starch Hydrolysis
	+
	_
	+
	+
	_

	Casein 
	+
	_
	+
	_
	_

	Endospore Stain
	+
	+
	+
	+
	+


Keys: 
+ Positive
_ Negative

Table 3: Morphological Characterization of Fungal Isolates
	Isolate code
	Texture
	Surface
	Probable organism

	A1
	
	
	Aspergillus flavus

	A2
	Velvety
Thick
	Black
	Aspergillus spp

	A3
	
	Black
	Aspergillus niger

	A4
	
	Greenish
	Aspergillus flavus

	A5
	
	Cream/Pinkish
	Aspergillus flavus

	B1
	Velvety
	Grey
	Penicillium spp

	B2
	Velvety
	Grey
	Penicillium spp

	B3
	
	Cream/Pinkish
	Septate hyphae

	B4
	
	Cream
	Hyphen

	C1
	
	Cream
	Septate hyphae



CAK- Sample C from Akunlemu

Table 4: Residual Weight (g) loss of the LPDE Degraded by Individual Microorganism over a Period of 16 weeks

	Isolate
	Degradation period(weeks)/weight(g)

	
	Day 0
	4weeks
	16weeks
	Degradation value per week 

	Pseudomonas aeruginosa
	0.027
	0.024
	0.021
	0.026

	Penicillium chrysogenum
	0.034
	0.029
	0.025
	0.032

	Aspergillus niger
	0.038
	0.035
	0.033
	0.909

	Fusarium oxysporum
	0.034
	0.031
	0.028
	0.055

	Control
	0.034
	0.034
	0.034
	
0.034











Table 5: Residual Weight Loss of LPDE Degraded by Microorganisms over a Period of 16 weeks
	Isolation Code
	Degradation period(weeks)/weight(g)

	
	Day 0 
	16 weeks 
	Degradation value per week 

	Penicillium chrysogenum&
Pseudomonas aeruginosa
	0.037
	0.032 
	0.054

	Aspergillus niger&
Pseudomonas aeruginosa
	0.038
	0.033 
	0.054

	Fusarium oxysporum&
Pseudomonas aeruginosa
	0.036
	0.030 
	0.054

	Control
	0.034
	0.034 
	0.034
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Plate 1and 2: Preliminary Screening of the Isolate on Culture M edium
3.2 Molecular characterization and Identification of Isolates
Molecular Characterization of Fungal Isolates 

Table 6: The ITS primer pair used in this study
Primer Sequence 						5’ 		3’ 
ITS1 (forward) 					TCCGTAGGTGAACCTGCGG
ITS4 (reverse)						TCCTCCGCTTATTGATATGC


TABLE 7: Molecularly Characterized Fungal Isolates

	

	Isolate code
	Closely related fungal sequence
	% identity
	New accession no.

	1
	A1
	Penicillium chrysogenum
	
	MW190075

	2
	A3
	Aspergillus niger
	
	MW190074

	3
	A5        
	Fusarium oxysporum
	
	




Molecular Characterization of Bacterial Isolate
 TABLE 8: The primer pair used in this study
Primer Sequence 						5’ 		3’ 
27F (forward) 					AGAGTTTGATCMTGGCTCAG
1525R (reverse)				AAGGAGGTGATCCAGCC


Table 9: Molecularly Characterized Bacteria Isolate 
	S/no
	Isolate code
	Closely related fungal sequence
	% identity
	 New accession no.

	1
	B1 
	Pseudomonas aeruginosa
	
	MW190086


	

4.0 DISCUSSION
Soil is one of the most complex and nutrient-rich ecosystems on Earth, providing a habitat that supports a wide diversity of microorganisms. These microbes carry out numerous biochemical processes and can adapt to environmental stresses by altering their morphology or physiology (Sun et al., 2005).

Polyethylene has become widely used in various industries over the past decade, emerging as a critical material for numerous applications (Gajendiran et al., 2012). However, the absence of efficient disposal systems has led to its accumulation in the environment, creating ecological challenges (Bhardwaj et al., 2012). This synthetic polymer, composed primarily of carbon and hydrogen atoms, is typically managed through recycling, landfilling, or incineration (Sharma & Sharma, 2004; Shimao, 2001). Low-density polyethylene (LDPE) can undergo degradation through thermal, chemical, photolytic, or biological mechanisms, though these processes are usually slow and are influenced by the polymer’s molecular weight (Da Luz et al., 2014).

Microorganisms can naturally break down polyethylene by using it as a source of carbon and energy. This biodegradation process involves the enzymatic cleavage of polymer chains into smaller monomeric units. Once released, these monomers are metabolized by the microorganisms, resulting either in complete mineralization or partial transformation into other compounds (Bhardwaj, 2012; Moore-Kucera et al., 2014). Studies have identified over 90 genera of bacteria, fungi, and actinomycetes capable of participating in polyethylene degradation (Mahdijah & Mukti, 2013).

Both bacteria and fungi play important roles in this process. Bacteria are highly abundant in soil, with a single teaspoon containing millions of cells. Fungi, which may form microscopic hyphae or visible fruiting bodies, also contribute significantly to polymer breakdown (Brodhagen et al., 2015). Notable LDPE-degrading organisms include bacterial species such as Pseudomonas and fungal species including Aspergillus niger, Penicillium chrysogenum, and Fusarium oxysporum (Ogunbayo et al., 2019).

In the current study, ten fungal isolates were obtained and screened, with three demonstrating the ability to degrade LDPE. Of six bacterial isolates, only one showed degradation capability. The higher number of fungal degraders aligns with previous reports indicating that fungi often exhibit greater biodegradation efficiency than bacteria (Ogunbayo et al., 2019; Muhonja et al., 2018). Nevertheless, both groups were able to degrade virgin polyethylene under laboratory conditions.

Furthermore, microbial consortia containing both fungi and bacteria showed the highest degradation potential, supporting earlier findings that synergistic interactions among different microorganisms can enhance biodegradation efficiency (Muhonja et al., 2018). Soil isolates of Aspergillus, Penicillium, Fusarium, and Pseudomonas identified in this study are consistent with previous reports on their biodegradation potential.

Recent research highlights that microorganisms in both terrestrial and aquatic environments act as the primary agents in the breakdown of persistent compounds, including synthetic polymers (Swanell & Head, 1994; Balba et al., 1998). LDPE-degrading bacteria and fungi are widespread in soil and marine habitats, where they collectively contribute to polymer degradation (Cooney & Summers, 1976; Hanson et al., 1997; Balba et al., 1998).






5.0 CONCLUSION
Accumulation of plastic waste is a major environmental challenge. In this study, the biodegradation of pure water sachet (LDPE) was evaluated using Aspergillus niger, Penicillium chrysogenum, Fusarium oxysporum (fungi), Pseudomonas sp. (bacteria), and a consortium of both, all isolated from soil samples collected at a plastic waste dumpsite. The weight loss of each treatment was monitored over a period of 60 days. The findings indicate that Pseudomonas sp., Aspergillus niger, Penicillium chrysogenum, and Fusarium oxysporum possess the ability to degrade polyethylene. The results also show that, under the experimental conditions, fungal isolates exhibited a higher degradation efficiency than the bacterial isolate. Furthermore, the consortium demonstrated the highest overall degradation efficiency among all treatments.
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