




Insight Role of Fatty Acid Esterases Kinetics in Shelf Life of Millet Flour


Abstract
Esterases are lipolytic enzymes that use a water-based process known as hydrolysis to separate esters into an acid and an alcohol. Fatty acid esterases were purified through a series of steps, including ammonium sulfate precipitation, ion-exchange chromatography, using size exclusion chromatography with Sephadex G-200. The enzyme's homogeneity and purity were verified utilizing methods such as SDS-PAGE, isoelectric focusing, and polyacrylamide gel electrophoresis. The variety of sources, the level of purity of the enzyme manufacture, the techniques, and the kind of substrates utilized all contribute to the wide variation in the Km value of esterases. The rapid hydrolysis of lipids in stored pearl millet flour may be partially explained by Km values in the µM range for p-NPB for pearl millet FAE, which indicate a strong affinity for substrate. Fatty acid esterases are valued for their high catalytic efficiency, stable structure, and ability to act on a wide variety of substrates, primarily short-chain fatty acid esters and simple alcohols. FAEs have numerous industrial uses, including eco-friendly biodiesel production via enzymatic transesterification, food industry applications for flavor enhancement and shelf-life extension by reducing rancidity, and synthesis of health-promoting specialty esters in biotechnology. Current research emphasizes the importance of carboxylesterases in the food and pharmaceutical sectors, focusing on their classification, structural properties, and engineering for improved applications. Combined advances in genetics, biochemistry, and technology are expected to enhance the shelf life and commercial value of pearl millet flour significantly.
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Introduction
Pearl millet (Pennisetum glaucum) is a key cereal crop known for its nutritional value, including high fiber content, minerals, and essential fatty acids. However, its flour has a short shelf life, usually lasting just 5 to 8 days after milling. This brief duration is primarily due to the rapid development of rancidity. Rancidity happens because of lipid breakdown caused by enzymes like fatty acid esterases (FAEs), lipases, and other oxidative enzymes. Esterases (EC 3.1.1.1) are lipolytic enzymes that use a water-based process known as hydrolysis to separate esters into an acid and an alcohol. These enzymes, which are also referred to as carboxyl ester hydrolases, aid in the creation and disintegration of ester bonds. Esterases comprise non-lipolytic esterases that act on water-soluble esters and lipolytic enzymes, also referred to as lipases, which function on lipids. Esterases are found widely across various organisms, including bacteria, fungi, vertebrates, and invertebrates (Arpigny & Jaeger, 1999; Fuciños et al., 2012; Lópezlópez et al., 2014). Their broad substrate range, stereoselectivity, lack of cofactor requirements, and stability in organic solvents make esterases valuable in many industries (Bornscheuer, 2002; Sayali & Surekha, 2013). They are utilized in the manufacturing of biopolymers, biodiesel, bioremediation, waste treatment, and the food, detergent, textile, paper, pharmaceutical, and agrochemical industries (Barone et al., 2014; Moreno et al., 2016; Parte et al., 2017). Esterases and lipases both can hydrolyze carboxyl ester bonds. Their three-dimensional structure features a catalytic triad composed of a nucleophile (serine), a base (histidine), and an acid (aspartic acid/glutamic acid), which supports enzymatic reactions (Lee and Park, 2019). The majority of esterases have an α/β hydrolase fold shape, with α helices around a core of eight generally parallel β sheets (Nandini & Dijkstra, 1999). Lipases are highly effective against water-insoluble substrates like triacylglycerol (TAG) and lipid polyesters composed mainly of long-chain fatty acids. In contrast, esterases work better with soluble substrates and show strong activity against lipids with short or simple fatty acid chains. In vitro catalytic tests can differentiate between lipases and carboxyl esterases. Esterases can break down p-nitrophenyl butyrate, while lipases are more effective at cleaving the ester bond in p-nitrophenyl palmitate, another phenolic ester compound. If the Km value is low, then the shelf life of pearl millet flour is higher. Bajaj et al. (2016b) found that in pearl millet, the in vitro activity of esterase correlates strongly with its in-situ activity (correlation coefficient of 0.916**) and also with the in-situ activity of lipase (correlation coefficient of 0.959**). Meanwhile, there is a strong link between the in-situ activity of lipase and the in-situ activity of esterase (correlation value of 0.976**). Lipids' negative modulation Grain-native enzymes can be hydrolyzed or oxidized by pre-treating grains and/or fortifying flour with food-grade additives. This can reduce the activity of these enzymes in flour and slow down the reactions that result in minimal production of undesirable metabolites, such as free fatty acids, hydroxyperoxides, volatile aldehydes/ketones, etc., thereby extending the shelf life of flour. Nevertheless, there are no reports on food-grade additives that inhibit lipolytic enzymes in pearl millet flour or grains (Bajaj et al. 2021). The goal of the current study was to find a negative modulator of FAE in light of the previous debate. Finding the modulator or modulators of enzyme activity requires understanding its physicochemical and kinetic characteristics, which calls for the purification of FAE. This review brings together information available in the literature about the fatty acid esterases, their activity levels in different plant tissues, the purification techniques employed, physicochemical properties, kinetics, and shelf life of flour.

1.1 Pearl Millet Esterases
Bajaj et al. (2021) aimed to find a negative modulator of fatty acid esterase, using partially purified p-nitrophenyl butyrate (p-NPB) from flour of pearl millet hybrid HHB 234. They conducted ammonium sulfate fractionation (30 to 60% saturation) and gel-filtration chromatography with Sephadex G-75. With a recovery rate of 21.52% and a specific activity of 25.7 units per milligram of protein, the enzyme was purified 10.7 times. The purified enzyme had a molecular weight of 60 kDa, determined through gel filtration with Sephadex G-75. The enzyme showed maximum activity at pH 8.2 and 45 °C. It was stable at temperatures up to 60 °C for at least 20 minutes and had a Km of 0.65 µM p-NPB. At a concentration of 10 mM, Mg2+ and Zn2+ increased the activity by 54% and decreased it by 42%, while EDTA, DTT, PMSF, and ascorbic acid inhibited the activity by 75%, 68%, 50%, and 48%, respectively. The partially purified lipolytic enzyme FAE from pearl millet flour was heavily inhibited by ascorbic acid (Bajaj et al., 2021). Molecular weights, optimal temperatures, and pH levels of isoforms of carboxylesterases from various plant sources are shown in Tables 2, 3, and 4. Substrates and Km values for the substrates and modulators of carboxylesterase isoforms are presented in Table 5. Sheenu et al. (2018) compared the physical, chemical, and kinetic properties of partially purified p-nitrophenyl butyrate-dependent esterases from the pearl millet F1 hybrid HHB 197 and its parent lines. The FAE I of hybrid HHB 197, A-line ICMA 97111, and R-line HBL 11 all had the same molecular weight of about 67.6 kDa, while FAE II of the hybrid weighed 22.3 kDa. Both FAE I and FAE II from the hybrid had an optimum temperature of 40 °C. FAE I from ICMA 97111 and HBL 11 had optimum temperatures of 40-45 °C and 45 °C, respectively. FAE I from ICMA 97111 lost the most activity when incubated for 20 minutes at 50 °C. At this temperature, FAE I of the hybrid was comparatively more stable. All genotypes except for FAE II of HHB 197 showed optimum activity at pH 8. Ascorbic acid, EDTA, and SDS inhibited all the FAEs. The Km value for FAE I of R-line HBL 11 was 0.540 µM p-NPB, the highest among all. This was followed by FAE I and FAE II of the hybrid at 0.155 µM p-NPB and 0.100 µM p-NPB, and A-line ICMA 97111 at 0.067 µM p-NPB. They proposed that the high Km value of FAE I from R-line HBL may contribute to the slow lipid breakdown occurring in situ. The variety of sources, the level of purity of the enzyme manufacture, the techniques, and the kind of substrates utilized all contribute to the wide variation in the Km value of esterases. The rapid hydrolysis of lipids in stored pearl millet flour may be partially explained by Km values in the µM range for p-NPB for pearl millet FAE, which indicate a strong affinity for substrate.

1.2 Finger Millet Esterases
Upadhya et al. (1985) purified a carboxylesterase to apparent homogeneity from germinated finger millet using ammonium sulfate fractionation, ion exchange chromatography with diethylaminoethyl-cellulose, and gel filtration on Sephadex G-200. They used PAGE, IEF, and SDS-PAGE to verify the homogeneity of the enzyme. The enzyme had a molecular weight of 70 kDa and was a single polypeptide. The enzyme's isoelectric pH was 5.1. It was discovered to be susceptible to inhibitors of organophosphates. Research on product inhibition revealed noncompetitive inhibition with 1-naphthol and competitive inhibition with acetate. Using ammonium sulfate precipitation, DEAE-cellulose, Sephacryl S-200, and phenyl-Sepharose column chromatography, Latha & Muralikrishna (2007) separated and purified acetic acid-esterase from ragi malt to apparent homogeneity. They obtained a purification fold of 34 and a recovery of 0.36%. The denatured enzyme had a molecular weight of 19.7 kDa on SDS-PAGE, suggesting it was a tetramer, but the original enzyme's molecular weight was found to be 79.4 kDa by gel permeation chromatography. The ideal pH and temperature for the enzyme were 7.5 and 45 °C, respectively. It remained stable between 6.0 and 9.0 pH and between 30 and 40 °C. Latha et al. (2007) used a three-step purification process to nearly homogenize p-nitrophenylferulate (p-NPF) dependent ferulic acid esterase from finger millet malt. They reported a purification fold of 22 and a recovery of 3%. The ideal pH and temperature for the enzyme were 6.0 and 45 °C, respectively. It was stable between pH 5.5 and 9.0 and at 30 °C, respectively. The purified ferulic acid esterase enzyme's apparent Km and Vmax for PNPF were 0.053 μM and 0.085 unit mL-1, respectively. The enzyme had a molecular weight of 16.5 kDa and was a monomeric protein. The enzyme was inhibited by group-specific reagents like iodoacetamide and p-chloromercuric benzoate, suggesting that cysteine residues in the active site are involved. Sae et al. (1971) isolated and purified a carboxylesterase from sorghum grain with a 72-fold increase and achieved a yield of 28% through (NH2SO4) fractionation and Sephadex G-100 gel filtration. They identified the enzyme as carboxylic ester hydrolase, featuring a molecular weight of 60 kDa, by examining its response to DFP, eserine, and PCMB. The isoelectric point at pH 6.6 was shown by a single peak in a focusing electrophoresis gradient. However, two isoenzymes appeared on agarose gel electrophoresis at pH 5.5.

1.3 Barley Esterases
Humberston and Briggs (2000) studied ferulic acid esterase activity in barley malt extracts using an artificial substrate called mono-feruloyl glycerol. They discovered that the activity was enhanced when a detergent and reduced glutathione were added to the extraction medium. The enzyme was most active at a pH of 7.5, and it was only stable in solution at 30°C. Both soluble and insoluble cell wall components released free ferulic acid when exposed to the crude extract. In 2002, Humberston and Briggs used anion exchange chromatography with gradient elution and gel-filtration chromatography to partially purify ferulic acid-dependent esterase from barley malt. They identified multiple enzyme forms, with molecular weights ranging from 22 to 158 kDa. The enzyme showed a Km of 0.46 % for feruloyl glycerol.

1.4 Wheat Esterases
Fadıloglu and Soylemez (1996) purified commercial wheat germ lipase using two methods. First, they performed gel permeation on Sephadex G-100, which was equilibrated with 25 mM potassium phosphate buffer at pH 7.5. Second, they conducted ion exchange chromatography on cellulose phosphate, equilibrated with 25 mM acetate buffer at pH 4.5, and eluted with a 100 mL linear gradient of 0-0.5 M NaCl. They obtained three active components: one esterase that only hydrolyzed p-nitrophenyl acetate (p-NPA), one lipase that hydrolyzed dimercaptopropanol (DMP) tributyrate, and one nonspecific esterase that hydrolyzed both p-NPA and DMP tributyrate. The esterase fraction showed that p-NPA hydrolysis followed Michaelis-Menten kinetics. The nonspecific esterase fraction and the commercial enzyme preparation produced nonlinear Lineweaver-Burk plots. The commercial preparation offered a linear Lineweaver-Burk plot with DMP tributyrate as the substrate, which indicated that the nonspecific esterase and lipase components had similar Km values for the lipid substrate. Yang et al. (2010) suggested a straightforward and effective process to purify and concentrate plant-esterase, also known as wheat esterase. In polymer-salt systems, especially the PEG1000/NaH2PO4 system, they discovered ideal purifying conditions. They extracted plant-esterase in two steps using 27.0% PEG1000/13.0% NaH2PO4 (w/w, pH 5.0) and 27.0% PEG1000/13.0% NaH2PO4/6.0% (NH4)2SO4 (w/w, pH 5.0). This method yielded a comparable output to the traditional salting-out method, achieving an 83.16% yield versus the original 80%. On the other hand, it generated 4.8 times purer (18.46-fold) plant-esterase. The purified plant-esterase's (NH4)2SO4 was eliminated by adding dialysis to the aqueous two-phase extraction.

1.5 Other Plant Esterases
Barros and Macedo (2011) studied esterase from soybean seeds (Glycine max L.). Esterase activity was measured in both germinated and non-germinated seeds at 2.90 and 1.70 U/mg, respectively, with a concentration in the freeze-dried extract of 100 mg/mL. The enzyme preferred to hydrolyze short-chain fatty acids, reaching 120.02 U/mL, with an optimal pH of 8.0 and optimal temperatures of 40 and 80ºC. It remained stable at 70ºC, retaining 60% of its activity. Carboxylesterases from Jatropha curcas seeds were investigated by Subramani et al. (2012). Three techniques were used to purify the enzyme to homogeneity: SDS-PAGE, PAGE, and isoelectric focusing. This included gel filtering using Sephadex G-100, fractionation using ammonium sulfate, ion exchange chromatography using CM-Cellulose, and PAGE. The isoelectric point was 8.9, and the molecular weight was 31 kDa. Based on its substrate and inhibitor selectivity, Jatropha curcas seed esterase-I (JCSE-I) was categorized as a carboxylesterase. JCSE-I's Km changed depending on the substrate. It had an optimal temperature of 45 °C and an optimal pH of 6.5. The enzyme remained stable for up to 15 minutes at 65 °C. It was unaffected by sulfhydryl inhibitors (p-chloromercuricbenzoate, PCMB) but showed significant sensitivity to organophosphates. Using β-naphthylmyristate as a substrate, Hou et al. (1999) purified fatty acid esterases from yam tubers. They obtained two fractions of FAE through ion-exchange chromatography, Sephadex G-75 gel-filtration, and A-Sepharose 4B affinity chromatography. Both FAE I and FAE II fractions contained identical three protein bands of 50-40 kDa, corresponding to esterase activity bands on SDS-PAGE. The best substrate for both FAE fractions at pH 5.0 was found to be β-naphthylcaprate (C10 fatty acid ester). The Km and Vmax for β-naphthylcaprate at 37 °C and pH 5.0 were 0.338 and 0.959 mM for FAE I; 0.405 and 0.585 nmole β-naphthol/min µg protein for FAE II, respectively. FAE activity was stable at temperatures below 50 °C but was almost completely lost at temperatures above 65 °C. Kantharaju and Murthy (2014) studied esterases isolated from germinating seeds of Tamarindus indica. The esterases were extracted using a 50 mM phosphate buffer at pH 7. PAGE showed nine isoenzymes of esterases present. The Km for α-α-naphthyl acetate was 19.23 μM. The enzymes were most active between pH 7.0 and 7.5 and stable between pH 5.0 and 9.0. The optimal temperature for esterase activity ranged from 37 °C to 50 °C. Activity decreased by 30% at 60 °C and by about 90% at 70 °C. Eight isoenzymes were classified as carboxylesterases sensitive to organophosphates. Six esterases were found in Cucurbita pepo by Fahmy et al. (2008). They used anion exchange and gel filtration chromatography to homogeneously purify and characterize two of these esterases, EI and EII. Esterases EI and EII had molecular weights of 50 and 68 kDa from gel filtration and 47 and 66 kDa from SDS PAGE, respectively. They were both monomeric isoforms. The pH optima of esterases EI and EII were 9.0 and 8.0, respectively, with Km values of 1.22 and 1.56 mM. The optimal temperature for both was 40 °C. According to thermal stability experiments, EI and EII reached half-maximum activity at 55 °C and 50 °C, respectively. Both esterases had serine and cysteine residues in their active regions, according to inhibition experiments. Partial purification of esterase from Caesalpinia mimosoides soaked seeds was achieved by Bhavith et al. (2014) using conventional protein purification techniques, including salt fractionation and ion exchange chromatography on CM-cellulose. The partly purified esterase has a specific activity of 1.25 and a yield of 09.01. It was discovered that the molecular weight was 20 kDa. The partially purified esterase worked best at a pH of 7.0 and a temperature of 45 °C. The Km and Vmax for 1-naphthyl acetate were 0.11 mM and 12.5 nmol/min, respectively. Stuhlfelder et al. (2002) purified methyl jasmonate hydrolyzing esterase from cell cultures of Lycopersicon esculentum using a five-step process, achieving a 767-fold increase in purity with a yield of 2.2%. The native enzyme had a molecular weight of 26 kDa (gel-filtration) and 28.5 kDa (SDS-PAGE). It showed a Km value of 15 mM, a Vmax of 7.97 nkat/mg, an optimal pH of 9.0, and an optimal temperature of 40 °C. The enzyme also effectively hydrolyzed methyl esters of fatty acids. N-Methylmaleimide (a thiol inhibitor), iodacetamide (a metal inhibitor), bestatin, and pepstatin (carboxyprotease inhibitors) did not inactivate the enzyme, but phenylmethylsulfonyl fluoride (a serine protease inhibitor) at 5 mM caused irreversible and complete inhibition of activity. Fold purification and recovery of percentage of various plant esterases are summarized in Table 1. Molecular weights, optimal temperatures, and pH levels of isoforms of carboxylesterases from various plant sources are shown in Tables 2, 3, and 4. Substrates and Km values for the substrates and modulators of carboxylesterase isoforms are presented in Table 5.

2. Occurrence of Plant Esterases
Esterases have been studied from various plant sources, including sorghum grains (Sae et al. 1971), finger millet malt (Upadhya et al. 1985; Latha & Muralikrishna; Latha et al. 2007), yam tubers (Hou et al. 1999), barley malt (Humberston & Briggs 2002), Synadenium grantii latex (Govindappa et al. 1987), Jatropha curcas (Staubmann et al. 1999; Subramani et al. 2012), Cucurbita maxima fruits (Nourse et al. 1989), wheat flour (Fadıloglu & Soylemez 1996), soybean meal (Barros & Macedo 2015), Tamarindus indica seeds (Kantharaju & Murthy 2014), Caesalpinia mimosoides seeds (Bhavith et al. 2014), Pearl millet flour (Bajaj et al. 2021; Sheenu et al. 2018).

Table 1: Fold purification and recovery of various plant esterases
	Crop
	Tissue
	Fold Purification
	Recovery (%)
	Reference

	
	
	FAE I
	FAE II
	FAE I
	FAE II
	

	Soyabean
	Seed
	3.6
	
	20.7
	
	Barros and Macedo (2015)

	Caesalpinia mimosoides
	Seed
	9.3
	
	9
	
	Bhavith et al. (2014)

	Pearl millet
	Grain
	10.7
	
	21.5
	
	Bajaj et al. (2016a)

	Jatropha curcas
	Seed
	18
	
	17.6
	
	Subramani et al. (2012)

	Finger millet
	Malt
	22
	
	3
	
	Latha et al. (2007)

	Finger millet
	Malt
	34
	
	0.36
	
	Latha and Muralikrishna (2007)

	Finger millet
	Seed#
	46
	
	16
	
	Upadhya et al. (1985)

	Yam
	Tuber
	66
	37
	46
	26.5
	Hou et al. (1999)

	Sorghum
	Grain
	72
	
	28
	
	Sae et al. (1971)

	Synadenium grantii
	latex
	100
	
	10
	
	Govindappa et al. (1987)

	Barley
	Malt
	148
	
	4.2
	
	Humberstone and Briggs (2002)

	Cucurbita maxima
	Fruit
	369
	
	32
	
	Nourse et al. (1989)

	Jatropha curcas L.
	Seed
	NR@
	NR@
	NR
	NR
	Staubmann et al. (1999)

	Tamarindus indica
	Seed
	NR
	
	NR
	
	Kantharaju and Murthy (2014)


# Germinating seeds, NR - Not reported, @FAE I named as JEA, @@ FAE II named as JEB

Table 2: Molecular weight of plant esterases 
	Crop
	Tissue
	Molecular weight                  (kDa)
	Reference

	
	
	FAE I
	FAE II
	

	Synadenium grantii
	latex
	14
	
	Govindappa et al. (1987)

	Finger millet
	Malt
	16.5
	
	Latha et al. (2007)

	Caesalpinia mimosoides
	Seed
	20
	
	Bhavith et al. (2014)

	Jatropha curcas L.
	Seed
	21.6-23.5@
	30.2@@
	Staubmann et al. (1999)

	Jatropha curcas
	Seed
	31
	
	Subramani et al. (2012)

	Cucurbita maxima
	Fruit
	36
	
	Nourse et al. (1989)

	Soyabean
	Seed
	45
	
	Barros and Macedo (2015)

	Sorghum
	Grain
	60
	
	Sae et al. (1971)

	Pearl millet
	Grain
	60
	
	Bajaj et al. (2016a)

	Finger millet
	Seed#
	70
	
	Upadhya et al. (1985)

	Finger millet
	Malt
	79.4
	
	Latha and Muralikrishna (2007)

	Barley
	Malt
	138
	
	Humberstone and Briggs (2002)

	Tamarindus indica
	Seed
	NR
	
	Kantharaju and Murthy (2014)

	Yam
	Tuber
	55-64
	55-64
	Hou et al. (1999)


# Germinating seeds, @FAE I named as JEA, @@ FAE II named as JEB, NR – Not recorded

Table 3: Optimum temperature of plant esterases
	Crop
	Tissue
	Optimum
Temperature (OC)
	Reference

	
	
	FAE I
	FAE II
	

	Finger millet
	Seed#
	37
	
	Upadhya et al. (1985)

	Yam
	Tuber
	37
	37
	Hou et al. (1999)

	Synadenium grantii
	latex
	45
	
	Govindappa et al. (1987)

	Finger millet
	Malt
	45
	
	Latha and Muralikrishna (2007)

	Finger millet
	Malt
	45
	
	Latha et al. (2007)

	Jatropha curcas
	Seed
	45
	
	Subramani et al. (2012)

	Caesalpinia mimosoides
	Seed
	45
	
	Bhavith et al. (2014)

	Pearl millet
	Grain
	45
	
	Bajaj et al. (2016a)

	Soyabean
	Seed
	47
	
	Barros and Macedo (2015)

	Jatropha curcas L.
	Seed
	50@
	45@@
	Staubmann et al. (1999)

	Sorghum
	Grain
	NR
	
	Sae et al. (1971)

	Cucurbita maxima
	Fruit
	NR
	
	Nourse et al. (1989)

	Barley
	Malt
	NR
	
	Humberstone and Briggs (2002)

	Tamarindus indica
	Seed
	37-50
	
	Kantharaju and Murthy (2014)


# Germinating seeds, @FAE I named as JEA, @@ FAE II named as JEB, NR- Not reported

Table 4: Optimum pH of plant esterases
	Crop
	Tissue
	Optimum pH
	Reference

	
	
	FAE I
	FAE II
	

	Yam
	Tuber
	5
	5
	Hou et al. (1999)

	Finger millet
	Malt
	6
	
	Latha et al. (2007)

	Jatropha curcas
	Seed
	6.5
	
	Subramani et al. (2012)

	Sorghum
	Grain
	7
	
	Sae et al. (1971)

	Caesalpinia mimosoides
	Seed
	7
	
	Bhavith et al. (2014)

	Finger millet
	Seed#
	7.5
	
	Upadhya et al. (1985)

	Synadenium grantii
	latex
	7.5
	
	Govindappa et al. (1987)

	Finger millet
	Malt
	7.5
	
	Latha and Muralikrishna (2007)

	Jatropha curcas L.
	Seed
	8@
	7.5@@
	Staubmann et al. (1999)

	Soyabean
	Seed
	8
	
	Barros and Macedo (2015)

	Pearl millet
	Grain
	8.2
	
	Bajaj et al. (2016a)

	Barley
	Malt
	NR
	
	Humberstone and Briggs (2002)

	Cucurbita maxima
	Fruit
	7.5-8.9
	
	Nourse et al. (1989)

	Tamarindu sindica
	Seed
	7-7.5
	
	Kantharaju and Murthy (2014)


# Germinating seeds, @FAE I named as JEA, @@ FAE II named as JEB, NR-Not reported

Table 5: Km values of plant esterases for the tested substrates
	Crop
	Tissue
	Substrate
	Km value (mM)
	Reference

	
	
	
	FAE I
	FAE II
	

	Finger millet
	Malt
	α-Naphtylacetate
	0.00004
	
	Latha and Muralikrishna (2007)

	Jatropha curcas
	Seed
	1-Naphtylacetate
	0.079
	
	Subramani et al. (2012)

	
	
	1-Naphthyl propionate
	0.065
	
	

	
	
	1-Naphthyl butyrate
	0.056
	
	

	
	
	2-Naphthyl acetate
	0.1
	
	

	Caesalpinia mimosoides
	Seed
	1-Naphtylacetate
	0.011
	
	Bhavith et al. (2014)

	Tamarindus indica
	Seed
	α-Naphtyl acetate
	0.019
	
	Kantharaju and Murthy (2014)

	Finger millet
	Seed#
	1-Naphtylacetate
	1.176
	
	Upadhya et al. (1985)

	
	
	1-Naphthyl propionate
	0.86
	
	

	Synadenium grantii
	latex
	1-Naphthyl acetate
	0.71
	
	Govindappa et al. (1987)

	
	
	1-Napthyl propionate
	0.16
	
	

	
	
	1-Napthyl butyrate
	0.4
	
	

	Sorghum
	Grain
	Indophenylacetate
	ND
	ND
	Sae et al. (1971)

	Cucurbita maxima
	Fruit
	Indophenylacetate
	0.14
	
	Nourse et al. (1989)

	Jatropha curcas L.
	Seed
	p-Nitrophenylbutyrate
	0.02@
	0.07@@
	Staubmann et al. (1999)

	Soyabean
	Seed
	p-Nitrophenylbutyrate
	0.39
	
	Barros and Macedo (2015)

	Pearl millet
	Grain
	p-Nitrophenylbutyrate
	0.00065
	
	Bajaj et al. (2016a)

	Yam
	Tuber
	β-Naphtylmyristate
	0.34
	0.96
	Hou et al. (1999)

	Finger millet
	Malt
	p-Nitrophenylferulate
	0.000053
	
	Latha et al. (2007)

	Barley
	Malt
	Feruloyl glycerol
	0.46 %
	
	Humberstone and Briggs (2002)


#Germinating seeds, ND - Not determined, @FAE I named as JEA, @@ FAE II named as JEB

3. Plant Breeding Implications, Impact on Shelf Life and Flour Quality

There is considerable genetic variation in FAE activity and fat acidity among different pearl millet genotypes. For instance, some hybrids and inbreds show lower enzyme activity and slower buildup of free fatty acids (FFAs). This makes them good candidates for breeding programs focused on creating low-rancid, longer-lasting pearl millet varieties. Identifying these genotypes and understanding their biochemical pathways is essential for improving crops. The increase in free fatty acids from FAE activity results in a decline in flour quality. This decline shows up as bitter off-flavors and less sensory appeal. After 30 days of storage at room temperature, fat acidity levels were reported to increase from initial values of about 10-75 mg KOH/100 g dry matter to over 300 mg KOH/100 g (Goyal, P., & Chugh, L. K., 2017). This increase frequently has a positive correlation with the millet genotype's crude fat content. This suggests that genotypes with higher fat levels are more likely to become rancid. Additionally, FAEs work with other enzymes like peroxidase (POX), lipoxygenase (LOX), and polyphenol oxidase (PPO), which also contribute to oxidative damage. However, the breakdown of fats by FAEs is especially critical as the first step leading to rancidity.

4. Post-Harvest Processing and Shelf-Life Improvement

To reduce the negative effects of FAEs on shelf life, several post-harvest processing techniques (Goswami et. al. 2023) are used:  
· Heat treatments such as roasting, dry heat, and microwave heating effectively inactivate FAEs and lower rancidity.  
· Decortication removes the lipid-rich outer layers, which cuts down on crude fat content and enzymatic breakdown.  
· Irradiation and new technologies like cold plasma and ohmic heating provide promising options for inactivating enzymes while preserving nutritional quality.  
· Fermentation has also been shown to change biochemical profiles positively, which improves flour stability. When combined with genetic advancements, these techniques can extend the shelf life of pearl millet flour from a few days to several weeks when stored properly.
Conclusion
Fatty acid esterases catalyze lipid hydrolysis and generate free fatty acids. It is crucial to the deterioration of pearl millet flour's shelf life and quality. It is crucial to address FAE activity by choosing low-lipase genotypes and employing improved post-harvest processing techniques in order to increase the storage stability of pearl millet flour. The variety of sources, the level of purity of the enzyme manufacture, the techniques, and the kind of substrates utilized all contribute to the wide variation in the Km value of esterases. The rapid hydrolysis of lipids in stored pearl millet flour may be partially explained by Km values in the µM range for p-NPB for pearl millet FAE, which indicate a strong affinity for substrate. Fatty acid esterases are valued for their high catalytic efficiency, stable structure, and ability to act on a wide variety of substrates, primarily short-chain fatty acid esters and simple alcohols. FAEs have numerous industrial uses, including eco-friendly biodiesel production via enzymatic transesterification, food industry applications for flavor enhancement and shelf-life extension by reducing rancidity, and synthesis of health-promoting specialty esters in biotechnology. Combined advances in genetics, biochemistry, and technology are expected to enhance the shelf life and commercial value of pearl millet flour significantly.
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