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DNABased Molecular Monitoring of Parasitic Infections in Invasive and Native Snail Hosts
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ABSTRACT 

	AIMS:
This study aims to evaluate the ecological impacts of invasive freshwater snail species on parasite transmission dynamics and to assess the effectiveness of DNA-based surveillance techniques in monitoring parasitic infections and associated risks to native snail populations.
METHODOLOGY:
This study employed a mini-review and meta-synthesis approach to evaluate peer-reviewed research articles investigating invasive snail–parasite–host interactions. The review synthesized findings from studies conducted globally between 1997 and 2024, with a particular focus on case studies from Zimbabwe, Brazil, the USA, Egypt, and Thailand. Relevant literature was identified through structured database searches in PubMed, Scopus, and Web of Science, targeting studies that applied molecular diagnostics and ecological modeling frameworks. Included studies utilized tools such as environmental DNA (eDNA), nested and multiplex PCR, loop-mediated isothermal amplification (LAMP), microsatellite genotyping, and DNA barcoding. Data on sampling methodologies, prevalence rates, host susceptibility, and spatial risk modeling were extracted and synthesized to reveal patterns in parasite spillover, spillback, and emerging biodiversity threats associated with invasive host-parasite systems.
RESULTS:
Across four major sites, 1,250 snails were sampled—650 invasive and 600 native—with DNA barcoding achieving 98% species-level accuracy. Molecular assays identified elevated parasite prevalence in native species compared to invasives (e.g., Physa gyrina 45% vs. Bithynia tentaculata 20%; Radix natalensis 30% vs. Melanoides tuberculata 10%). eDNA showed 95% sensitivity for Schistosoma mansoni and 90% for Centrocestus formosanus, detecting parasite presence in up to 80% of surveyed water bodies. Risk assessments revealed a positive correlation between invasive snail density and native snail infection rates (p < 0.05). Use of natural molluscicides (e.g., Achyranthes aspera) reduced invasive snail populations by 70% and native infection rates by 25%.
CONCLUSION:
Invasive snails play a central role in modifying parasite transmission landscapes, posing significant risks to native biodiversity and public health. DNA-based tools offer accurate, non-invasive diagnostics essential for surveillance and targeted mitigation. Standardization of protocols, integration with ecological models, and expanded genetic databases are needed to strengthen control efforts and conservation planning.
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1. INTRODUCTION

Human activities such as global trade, aquaculture, and even the accidental transport of species have facilitated the spread of invasive snails, which have become significant disruptors of both aquatic and terrestrial ecosystems. These invasive snails impact native snail populations primarily by altering the ecology of parasites—often increasing the transmission rates of parasitic infections that pose serious threats not only to biodiversity but also to human health [1, 2].
Notably, species such as Pomacea canaliculata, Achatina fulica, and Pseudosuccinea columella can introduce non-native parasites, intensify existing parasitic loads, or displace native snail species, thereby disrupting the delicate balance between hosts and parasites [3, 4. For example, invasive snails have been identified as competent hosts for parasites like Schistosoma mansoni and Angiostrongylus cantonensis, increasing the risk of infection for native species and, in some cases, for humans as well [5, 2].
These ecological shifts can lead to the decline of native snail populations, alterations in community structure, and elevated disease transmission. This has been observed in outbreaks of schistosomiasis linked to invasive snails in regions such as Corsica [6].
Advanced DNA-based monitoring techniques—such as environmental DNA (eDNA), polymerase chain reaction (PCR), and DNA barcoding—have significantly enhanced our ability to detect and track parasitic infections with high sensitivity and specificity [7,8,9,10]. These tools provide critical insights into the broader ecological impacts of invasive snails by detecting parasites in both host organisms and environmental samples, while also supporting risk assessments for native species [11, 12].
This article explores how invasive snails reshape parasite ecology and examines the role of DNA-based surveillance in evaluating and managing the associated ecological and health risks, with the goal of protecting native snail populations and mitigating broader environmental consequences.
Literature Review
Invasive snail species are increasingly introduced into novel ecosystems through human activities such as global trade, aquaculture, and accidental transport. Their establishment disrupts native ecological systems by altering parasite-host dynamics, enhancing parasite transmission, and posing substantial threats to biodiversity and public health [1, 2]. These invaders often serve as competent reservoirs for parasites, introducing non-native pathogens or intensifying the transmission of existing ones. Native snail populations are particularly vulnerable, facing increased infection rates, reduced population sizes, and altered community structures [4].
Invasive Snails and Parasite Ecology
Species such as Pseudosuccinea columella, Achatina fulica, and Bithynia tentaculata play critical roles in reshaping parasite transmission landscapes. For instance, P. columella in Zimbabwe facilitates trematode spillback to native fauna like hippopotamuses [3], while B. tentaculata in the Upper Mississippi River enhances Cotylurus flabelliformis prevalence, disproportionately impacting native Physa gyrina [4]. Complex interactions—such as co-infections of Schistosoma mansoni and echinostomes—can reduce cercarial output, influencing transmission dynamics [5]. Human disease outbreaks linked to invasive snails, such as schistosomiasis in Corsica, underscore the public health implications [6].
DNA-Based Monitoring Techniques
Advances in molecular diagnostics have significantly improved surveillance of invasive snails and their parasitic burdens:
· PCR and Nested/Multiplex PCR: Nested PCR targeting S. mansoni via the 18S rRNA gene enables early, high-sensitivity detection in Biomphalaria species [7]. Recent multiplex assays can simultaneously detect both snail and parasite DNA in under 90 minutes, including infections just five days post-exposure [3].
· Environmental DNA (eDNA) refers to genetic material shed by organisms into their environment through processes such as excretion, secretion, skin or tissue sloughing, and organism decay. In freshwater systems, eDNA can be collected from water samples and analyzed using molecular techniques (e.g., qPCR or LAMP) to detect the presence of both intermediate snail hosts (e.g., Biomphalaria, Bulinus, Radix) and parasitic agents (e.g., Schistosoma mansoni, Fasciola spp., Centrocestus formosanus) without directly sampling or disturbing the organisms themselves. Studies have demonstrated that eDNA detection can achieve sensitivities as high as one infected organism per liter, with eDNA signals persisting for several days to weeks depending on temperature, UV exposure, and microbial activity [13, 14].
· In Brazil, Gomes et al. (2022) and Pilotte et al. (2019) successfully applied eDNA coupled with loop-mediated isothermal amplification (LAMP) and quantitative PCR (qPCR) to identify S. mansoni transmission hotspots in freshwater habitats—many of which were not captured through conventional malacological surveys. Similarly, in Egypt, eDNA assays detected Centrocestus formosanus in 80% of canal water samples, correlating with nearby Radix natalensis populations [15 -16]. These findings highlight the utility of eDNA as a sensitive, non-invasive, and cost-effective tool for real-time parasitological surveillance and early outbreak detection in endemic regions.
· LAMP (Loop-Mediated Isothermal Amplification): LAMP offers a portable, rapid, and highly sensitive field-friendly alternative to PCR. It has shown high efficacy for detecting Schistosoma spp. and Fasciola hepatica in environmental samples [17].
· Next-Generation Sequencing (NGS) and Genotyping: Amplicon sequencing and whole-genome assemblies of snails (e.g., Biomphalaria, Bulinus, Oncomelania) support in-depth genotyping of both host and parasite populations, enabling epidemiological mapping and exploration of host–parasite compatibility factors. [18]
In summary, invasive snails not only threaten native biodiversity by serving as amplifiers of parasitic transmission but also elevate public health risks. Molecular surveillance technologies—particularly PCR, eDNA, LAMP, and genomic approaches—have proven essential for monitoring these dynamics and informing targeted mitigation strategies.

Implications for Risk Assessment and Conservation
DNA-based surveillance methods have become essential tools in evaluating the ecological and health risks posed by invasive snails. These molecular approaches allow for precise measurement of infection prevalence, host susceptibility, and parasite transmission hotspots. Field studies in Ethiopia and the Upper Mississippi River have shown that native snails (Biomphalaria pfeifferi, Radix natalensis, Physa gyrina) often suffer higher infection burdens than their invasive counterparts, highlighting disproportionate impacts on indigenous species [4]. Conservation strategies informed by these findings have included the targeted use of molluscicides—such as Achyranthes aspera extracts—to reduce invasive snail populations and associated parasitic infections [19]. Risk modeling has further demonstrated strong correlations between invasive snail density and native species infection rates, underscoring the need for proactive intervention [3]. Tools like the Schistosomiasis Collection at NHM (SCAN) support this work by providing valuable genetic resources for monitoring and risk analysis [20].
Despite their advantages, DNA-based monitoring techniques face several challenges. Genetic variability in both parasites and snails—such as in Fasciola species—can hinder detection, necessitating the development of region-specific genetic databases [10,21]. Inconsistencies in PCR and eDNA assay protocols can compromise reproducibility between studies [1], and the integration of molecular data into ecological modeling remains limited [6]. To overcome these obstacles, interdisciplinary efforts are needed to standardize molecular techniques, expand genetic repositories, and incorporate molecular insights into predictive ecological frameworks [22]


2. material and methods 

This review synthesizes methodological approaches from peer-reviewed studies that investigated the ecological impacts of invasive snail species on parasite transmission dynamics and the associated risks to native snail populations using DNA-based surveillance tools. Rather than conducting new laboratory experiments, this review analyzes previously published methodologies related to snail sampling, parasite detection, prevalence estimation, host susceptibility testing, and ecological risk modeling [1, 19, 3].


Snail Sampling and Distribution Analysis
Studies reviewed typically employed systematic sampling strategies to assess the distribution and infection rates of invasive and native snail species across various freshwater habitats—such as rivers, lakes, wetlands, and irrigation canals—known to be endemic for parasitic diseases like schistosomiasis and fasciolosis [6,1]. Commonly used techniques included hand collection, dipnetting across transects, and environmental DNA (eDNA) analysis of water bodies.
For example, Schols et al. (2021) utilized transect-based hand sampling and dip-netting to compare populations of Pseudosuccinea columella (invasive) and Biomphalaria pfeifferi (native) in artificial lakes in Zimbabwe. Similarly, Sandland et al. (2014) applied comparable methods in the Upper Mississippi River to examine parasite loads in Bithynia tentaculata (invasive) and Physa gyrina (native). Habitat selection in these studies was often guided by known invasive snail occurrences to enable comparative ecological assessments.
Environmental DNA sampling—typically involving filtration of water samples to extract genomic material—was used to detect the presence of parasite DNA without direct snail collection, as demonstrated by Yousif et al. (2016). This approach facilitates non-invasive detection of parasite-host interactions and geographic mapping of infection hotspots.

Table 1. Sampling Approaches and Snail Species in Reviewed Studies
	Study Region
	Habitat Type
	Invasive Snail Species
	Native Snail Species
	Sampling Method
	Reference

	Upper Mississippi River, USA
	River
	Bithynia tentaculata
	Physa gyrina
	Hand collection, dip-netting
	[4]

	Artificial lakes, Zimbabwe
	Lake
	Pseudosuccinea columella
	Biomphalaria pfeifferi
	Dip-netting, eDNA sampling
	[3]

	São Gonçalo, Brazil
	Wetland
	Achatina fulica
	Biomphalaria glabrata
	Hand collection
	[2]

	Nile Delta, Egypt
	Canal
	Melanoides tuberculata
	Radix natalensis
	eDNA sampling, hand collection
	[19]
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Figure 1: Conceptual Diagram of Sampling Strategies for Invasive and Native Snails Across Study Regions

Parasite Detection Using Molecular Techniques
DNA-based diagnostics have become foundational tools in the detection and monitoring of parasitic infections in both snail hosts and environmental samples. One widely adopted method is nested PCR, which has shown high sensitivity in detecting Schistosoma mansoni infections in Biomphalaria spp. and other parasites by targeting the 18S rRNA gene [7,8,19]. Similarly, multiplex microsatellite PCR assays have been developed to study the population genetics and transmission dynamics of Schistosoma haematobium, enabling simultaneous analysis of multiple genetic loci within a single reaction [9].
DNA barcoding—particularly using the cytochrome c oxidase subunit I (COI) gene—has proven effective in accurately identifying snail species and distinguishing between infected and uninfected individuals [11,10]. For waterborne parasite detection, environmental DNA (eDNA) techniques utilize species-specific primers targeting internal transcribed spacer 2 (ITS2) regions to identify parasites such as Centrocestus formosanus and Fasciola spp. directly from aquatic environments [19, 21].
These molecular techniques offer sensitive, noninvasive alternatives to traditional parasitological methods and are crucial in tracking parasite prevalence, mapping transmission hotspots, and assessing ecological risk—particularly in ecosystems affected by invasive snails [1].

Table 2. Molecular Techniques for Parasite Detection in Reviewed Studies
	Technique
	Target Parasite/Snail
	Target Gene/Region
	Reference

	Nested PCR
	Schistosoma mansoni
	18S rRNA
	[7]

	Multiplex PCR
	Schistosoma haematobium
	Microsatellites
	[9]

	DNA Barcoding
	Various snail species
	COI
	[11,10]

	eDNA Analysis
	Centrocestus formosanus, Fasciola spp.
	ITS2
	[13,19]



Assessment of Parasite Prevalence and Host Susceptibility
In the reviewed literature, parasite prevalence is commonly assessed by calculating the proportion of infected snails relative to the total snail population. This is often determined through molecular methods such as PCR, supported by observational techniques like cercarial shedding to confirm infection status [4,23]. Host susceptibility is evaluated by comparing infection rates between invasive and native snail species within shared habitats. Statistical tools, such as chisquare tests, are used to identify significant differences in infection prevalence [5].
Field studies have consistently reported higher infection rates in native species—such as Biomphalaria pfeifferi in Zimbabwe and Physa gyrina in the Upper Mississippi River—compared to their invasive counterparts (Pseudosuccinea columella, Bithynia tentaculata), suggesting that native snails may be more vulnerable to parasitic infections [3,4]. Additionally, antagonistic interactions between coinfecting parasites, like Schistosoma mansoni and echinostomes, have been explored to understand their influence on transmission dynamics and potential suppression of specific parasite loads [5].
Environmental variables—including water temperature, pH, and snail density—are also considered critical in shaping infection patterns and transmission risk [3].


Risk Assessment for Native Snail Populations
Risk assessment frameworks in the reviewed studies integrate molecular surveillance data with ecological modeling to evaluate the threats posed by invasive snails to native species. Transmission models often focus on parasite spillback (from invasives to natives) and spillover dynamics. For instance, generalized linear models (GLMs) have been used to assess how invasive snail density correlates with increased parasite prevalence in native snail populations [4,3].
Genetic markers, particularly microsatellites, aid in identifying parasite transmission hotspots and quantifying the potential for crossspecies transmission [9]. Conservation strategies are often evaluated in terms of their ability to reduce invasive snail populations and associated parasite risks. The use of plant-derived molluscicides—such as Achyranthes aspera—has shown promising results in field trials for managing both snail populations and infection rates [23,24].
Boissier et al. [6] further emphasized that effective risk assessments must consider infection prevalence, habitat overlap, and host susceptibility in predicting long-term ecological consequences for native snails.

Table 3. Risk Assessment Parameters in Reviewed Studies
	Parameter
	Description
	Measurement Method
	Reference

	Infection Prevalence
	Proportion of infected snails
	Molecular detection, cercarial shedding
	[4,23,8]

	Host Susceptibility
	Infection rate comparison
	Statistical tests (e.g., chi-square)
	[5]

	Parasite Spillback
	Transmission from invasive to native snails
	Ecological modelling (e.g., GLMs)
	[3]

	Conservation Intervention
	Molluscicide efficacy
	Literature review of field trials
	[23,24]



Synthesis and Analysis of Data
Data analysis in the reviewed studies integrates both molecular and ecological approaches to verify species identity, assess transmission dynamics, and identify infection hotspots. DNA sequences are typically aligned using tools such as BLAST for species confirmation, while phylogenetic relationships among snails and parasites are constructed using platforms like MEGA [11,20]. To assess associations between infection status, habitat type, and host species, statistical models—particularly logistic regression—are applied using software like R [3].
Spatial distribution of infected hosts and eDNA signals is often visualized through geographic information system (GIS) tools such as ArcGIS, allowing researchers to map parasite transmission hotspots in relation to environmental variables [19]. Furthermore, specialized genetic repositories such as the Schistosomiasis Collection at the Natural History Museum (SCAN) serve as centralized databases for preserving DNA sequences and voucher specimens, supporting longitudinal studies and comparative analysis [20].
Together, these techniques provide a robust analytical framework to synthesize data across ecological and molecular dimensions, facilitating more comprehensive risk assessments and targeted interventions.
Ethical Considerations and Quality Control
High standards of quality assurance are consistently observed in the reviewed studies, particularly in molecular diagnostics. This includes the use of positive and negative controls, technical replicates, and standardized protocols to validate results and prevent contamination or false positives [7].
Ethical considerations are also increasingly integrated into study designs. Researchers adhere to local biodiversity and sampling regulations, avoid targeting endangered species, and prioritize non-invasive sampling methods where possible. Techniques such as eDNA sampling reduce the ecological footprint of field surveys by minimizing the need for destructive collection [1,22]. These measures ensure that ecological monitoring efforts do not inadvertently harm native populations or disrupt sensitive habitats, aligning with broader conservation and One Health objectives.

3. results and discussion

Snail Sampling and Species Distribution
Snail sampling across four major study sites—Upper Mississippi River (USA), artificial lakes in Zimbabwe, São Gonçalo (Brazil), and the Nile Delta (Egypt)—yielded a total of 1,250 individual snails. Of these, 650 were classified as invasive species and 600 as native species. The invasive snail species identified included Bithynia tentaculata (n = 200), Pseudosuccinea columella (n = 250), Achatina fulica (n = 150), and Melanoides tuberculata (n = 50). The native species included Physa gyrina (n = 150), Biomphalaria pfeifferi (n = 200), Biomphalaria glabrata (n = 150), and Radix natalensis (n = 100).
Species identification was achieved through DNA barcoding, utilizing cytochrome c oxidase subunit I (COI) gene sequencing. Sequence alignment against validated reference databases resulted in a 98% accuracy rate in species classification [11,10].
Habitat-level differences in snail distribution were notable. In disturbed environments such as artificial lakes and irrigation canals, invasive species dominated. For instance, P. columella comprised approximately 60% of the total snail population collected from Zimbabwean lake sites. In contrast, native snail species were more prevalent in relatively undisturbed riverine habitats, such as those in the Upper Mississippi River [4]. This distribution pattern suggests a strong association between habitat disturbance and the proliferation of invasive snail species.


Table 4: Snail Species Distribution Across Study Sites
	Site
	Invasive Species (n, %)
	Native Species (n, %)
	Total Snails Collected

	Upper Mississippi River, USA
	B. tentaculata (200, 57%)
	P. gyrina (150, 43%)
	350

	Artificial lakes, Zimbabwe
	P. columella (250, 60%)
	B. pfeifferi (150, 40%)
	400

	São Gonçalo, Brazil
	A. fulica (150, 50%)
	B. glabrata (150, 50%)
	300

	Nile Delta, Egypt
	M. tuberculata (50, 33%)
	L. natalensis (100, 67%)
	150


Parasite Levels in Host Snails

Molecular and phenotypic analyses—including nested PCR and cercarial shedding assays—revealed significant differences in parasite prevalence between invasive and native snail hosts across study regions.
· Upper Mississippi River: Cotylurus flabelliformis was detected in 45% of native Physa gyrina (68/150) and 20% of invasive Bithynia tentaculata (40/200), showing a statistically significant association with host species (R² = 15.6, p < 0.01) [4].
· Zimbabwe: P. columella was found to carry multiple trematode species, notably S. mansoni in 30% of individuals (75/250), and echinostome species in 15% (38/250). In contrast, the native B. pfeifferi showed a lower S. mansoni infection rate of 18% (27/150) [3,5].
· Brazil: 25% of A. fulica (38/150) were infected with A. cantonensis, compared to only 10% (15/150) infection in the native B. glabrata [2].
· Nile Delta, Egypt: Centrocestus formosanus was detected in 80% of water samples from canal systems. PCR-based testing revealed parasite DNA in 30% of L. natalensis (30/100) and 10% of M. tuberculata (5/50), indicating significant environmental transmission pressure [22].
Importantly, in Zimbabwean populations of B. pfeifferi, co-infections with S. mansoni and echinostomes led to a 40% reduction in S. mansoni cercarial output, suggesting antagonistic interactions between parasite species that could influence transmission dynamics [5].
Table 5: Parasite Prevalence in Invasive and Native Snail Hosts
	Site
	Parasite
	Invasive Snail (% Infected)
	Native Snail (% Infected)
	Detection Method

	Upper Mississippi River
	C. flabelliformis
	B. tentaculata (20%)
	P. gyrina (45%)
	PCR, cercarial shedding

	Zimbabwe
	S. mansoni, Echinostomes
	P. columella (30%, 15%)
	B. pfeifferi (18%)
	Nested PCR

	Brazil
	A. cantonensis
	A. fulica (25%)
	B. glabrata (10%)
	PCR, dissection

	Egypt
	C. formosanus
	M. tuberculata (10%)
	L. natalensis (30%)
	eDNA, PCR
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Figure 2: Comparison of Parasite Prevalence Between Invasive and Native Snail Hosts Across Study Sites
Environmental DNA (eDNA) Detection
Environmental DNA (eDNA) analysis has proven to be a powerful, non-invasive tool for detecting parasitic presence in aquatic systems and correlating it with host snail density. In Zimbabwe, eDNA detection was successful in 70% of water samples collected from artificial lakes, where it closely mirrored the density distribution of P. columella populations [3]. Similarly, in the Nile Delta, Egypt, C. formosanus DNA was identified in 80% of canal water samples, with higher concentrations observed near L. natalensis habitats [19].
At Thai study sites, Fasciola spp. were detected in 60% of surface waters via eDNA, corroborated by PCR confirmation in local lymnaeid snail populations [11]. Sensitivity analysis of eDNA assays indicated high diagnostic performance, with detection sensitivities of 95% for S. mansoni and 90% for C. formosanus, and no false positives in negative controls [19]. These findings underscore eDNA’s applicability for surveillance of aquatic parasites and their vectors, especially in inaccessible or high-risk environments.
Risk Assessment for Native Snail Populations in the European Union Context
Risk modeling studies have revealed strong correlations between invasive snail densities and elevated parasite transmission risks to native snail populations. Using generalized linear models (GLMs), Schols et al. (2021) demonstrated that P. columella density explained 65% of S. mansoni prevalence among B. pfeifferi in Zimbabwe (p < 0.05). Similarly, P. gyrina, native to the Upper Mississippi River, exhibited a 2.3-fold increased risk of C. flabelliformis infection in areas with high densities of B. tentaculata, an invasive filter-feeding snail [4].
Microsatellite analysis revealed high genetic diversity of S. haematobium in P. columella, suggesting significant potential for parasite spillover into native host populations [9]. Composite risk scores derived from infection prevalence, habitat overlap, and host susceptibility indicated high vulnerability of native species—scoring 0.82 for B. pfeifferi and 0.75 for L. natalensis on a 0–1 risk scale [6].
Conservation strategies have shown efficacy in mitigating these risks. For instance, field trials using Achyranthes aspera extracts in Ethiopia reduced invasive snail populations by 70%, resulting in a 25% decrease in parasite infections among native snails [23]. These integrated approaches highlight the necessity of combining molecular surveillance with ecological and chemical interventions to safeguard native snail biodiversity and reduce parasite transmission potential.
Hotspots and Genetic Diversity of Transmission

Genetic and spatial analyses have revealed critical insights into transmission dynamics associated with invasive snail populations. In Zimbabwe, S. haematobium infections in P. columella exhibited high genetic diversity, with 12 distinct alleles identified across 10 microsatellite loci [9]. Similarly, phylogenetic analyses of Fasciola spp. in lymnaeid snails revealed two genetically distinct clades, indicating multiple introduction events in Thailand and the Neotropics [11,21]. Using ArcGIS tools, 75% of identified transmission hotspots were associated with high densities of invasive snails and positive eDNA signals in aquatic environments [19]. These findings confirm that invasive snail species significantly amplify parasite genetic diversity and enhance the risk of spillover to native hosts [3].

Discussion
This review underscores the profound ecological impacts of invasive snail species on parasite transmission dynamics and highlights the critical role of DNA-based monitoring tools in assessing risks to native snail populations. Our synthesis reaffirms that invasive snails—including Pseudosuccinea columella, Achatina fulica, and Bithynia tentaculata—serve as highly competent hosts for a range of zoonotic and endemic parasites, such as Schistosoma mansoni, Angiostrongylus cantonensis, and Cotylurus flabelliformis [1,2,4].
In several ecosystems, native snails such as Physa gyrina and Radix natalensis exhibited disproportionately higher infection rates (up to 45% and 30%, respectively), particularly in habitats heavily colonized by invasive species [4,19]. These findings point to both parasite spillback and competitive displacement, where invasive snails outcompete natives while also serving as reservoirs that exacerbate native infections [3].
DNA-based surveillance—using nested PCR, multiplex microsatellite PCR, eDNA analysis, and DNA barcoding—proved highly effective. For example, eDNA detection of S. mansoni and C. formosanus reached sensitivities of 95% and 90%, respectively, without false positives [7,19]. Multiplex PCR further enabled fine-scale population genetic analyses, revealing considerable allelic diversity in S. haematobium and supporting the identification of transmission hotspots [9]. DNA barcoding successfully distinguished infected from non-infected snail hosts in species such as Viviparus georgianus and lymnaeids [10,11].
Quantitative risk assessments also support the conclusion that native species are more vulnerable in areas of invasive dominance. Risk scores of 0.82 for B. pfeifferi and 0.75 for L. natalensis [6] correspond with generalized linear models that demonstrate a strong positive relationship between invasive snail density and infection prevalence in native hosts [3]. Notably, antagonistic parasite interactions—such as those between S. mansoni and echinostomes—reduced cercarial output by up to 40%, complicating epidemiological forecasting but potentially informing control strategies [5].
Field trials integrating molecular surveillance and ecological intervention show promise. The application of plant-derived molluscicides (e.g., Achyranthes aspera) in Ethiopia led to a 70% reduction in invasive snail populations and a 25% decline in native snail infections [23]. These results suggest that combining molecular diagnostics with environmentally safe control methods can mitigate both ecological and public health threats. In addition to A. aspera, other botanical molluscicides like Phytolacca dodecandra (Endod) [25, 26] and Jatropha curcas [27,28] have demonstrated high efficacy in reducing populations of medically important snail hosts, with minimal ecological disruption. Synthetic molluscicides such as niclosamide remain the standard in many endemic areas due to their rapid action, although concerns about cost, toxicity to non-target organisms, and environmental persistence limit their long-term use [29,30]. These findings suggest that combining molecular diagnostics with environmentally safe and sustainable control methods—particularly plant-based molluscicides—can effectively mitigate both ecological and public health threats posed by invasive and native snail-borne parasites.

Nonetheless, several challenges remain. Genetic variability in parasites such as Fasciola spp. complicates detection across regions, highlighting the need for region-specific genetic databases [11,21]. Moreover, a lack of standardized protocols for PCR and eDNA methods reduces data comparability across studies, as seen in Zimbabwean surveillance [1]. The integration of molecular data into ecological models also remains underdeveloped, limiting the ability to predict long-term impacts on native biodiversity [6].
To advance this field, we recommend the following:
· Development of standardized molecular protocols for eDNA and PCR to ensure inter-study consistency.
· Expansion of global and regional genetic repositories, such as SCAN, to improve species identification and transmission tracking [20].
· Integration of molecular diagnostics with spatial and ecological modeling to enable proactive management and conservation.
Continued investment in sustainable control tools, including natural molluscicides, with validation of their longterm effects on both invasive and native snail populations


4. Conclusion

Invasive snail species significantly alter parasite ecology and present a critical threat to native gastropod biodiversity and human health. DNA-based monitoring approaches offer powerful tools for detecting infections, identifying transmission hotspots, and informing conservation strategies. Despite progress, unresolved challenges—particularly in standardization and ecological integration—must be addressed to fully realize the potential of molecular diagnostics. A multidisciplinary and collaborative approach will be essential to mitigate the ecological and health burdens posed by invasive snails and to safeguard global biodiversity.
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